The ability to study biomolecules in vivo is crucial for understanding their function in a biological context. One powerful approach involves fusing molecules of interest to fluorescent proteins such as GFP to study their expression, localization and function. However, GFP and its derivatives are significantly larger and less photostable than organic fluorophores generally used for in vitro experiments, and this can limit the scope of investigation.
Introduction
Most fluorescence studies inside living cells depend on protein fusions with fluorescent proteins (FPs), such as GFP 1 . These fluorescent tags allow studies of the copy number, diffusion pattern or localization of proteins involved in processes such as gene expression or membrane transport [2] [3] [4] [5] [6] [7] . FPs offer high labeling specificity, easy implementation, and are available in a large inventory of variants with various photophysical and chemical properties 1 . However, organic fluorophores remain the prime choice for in vitro experiments due to their greater photostability (up to 100-fold more stable than FPs) 8, 9 , small size (up to 100-fold smaller volume than FPs) and ease of intramolecular labeling (mainly through the use of cysteine residues). All these factors are particularly important for single-molecule fluorescence and FRET studies 10 .
Several internalization methods combining the advantages of organic labeling and in vivo detection have been introduced over the past decade; however, such methods either employ relatively large polypeptides tags (e.g., TMP, HALO, or 20 kDa SNAP tags) 2. Recovery 1. Immediately after electroporation, add 500 μl of rich medium such as SOC, EZ Rich Defined Medium, YPD or any rich medium to the cells. 2. Incubate the sample at 37 °C for bacteria and 29 °C for yeast for 2 to 10 min. For viability measurements, where the user wants to evaluate the percentage of cells growing and dividing after electroporation, use a longer recovery time (up to 1 hour) as we observe such lag times before the first cell division.
3. Washing steps 1. Wash the cells to remove any non-internalized biomolecules by spinning down the cells for 1 min at 3300 x g and 4 °C. Discard the supernatant and resuspend the cells in 500 μl PBS. Note: For each sample, prepare a negative control of cells incubated with the same amount of labeled biomolecules but not electroporated and washed exactly the same way as the main sample. 2. Repeat the previous steps 3 times. 3. In the case of protein internalization, optimize the washing procedure depending on the properties and behavior of the labeled protein of interest. The following steps are example of possible optimizations: 1. Perform the first 3 washing cycles using PBS containing 100 mM NaCl and 0.005% Triton X100 to remove non-internalized proteins which might stick to the outer cell membrane 22, 26 . 1. Filter the electroporated cells with a 0.22 µm pore diameter filter fitted inside a 1.5 ml microcentrifuge tube by pipetting the electroporated cells into the filter. Spin down for 3 min at 800 x g and 4 °C. Discard the flow-through. Add 500 µl new PBS over the cells and spin them once again as before and repeat these steps once 22 .
2. Add a small amount of protease K (10 ng in 500 μl PBS) during the first washing cycle to allow the digestion of any noninternalized protein.
4. Spin down the cells for 1 minute at 3300 x g and 4 °C. Discard the supernatant and resuspend the cells in 150 μl of PBS. 5. Spread the loaded cell solution on the agarose pad by removing the upper coverslip and spreading 10 µl of the cell suspension droplet by droplet. Replace an unused clean burned coverslip (No 1.5 thickness, matching the microscope objective specification) on the top of the pad and press very gently on the slide. 6. Protect the electroporated cells from light by storing the pads in an opaque box while imaging different samples.
Microscope data acquisition
Note: Single-cell and single-molecule fluorescence microscopy in living microorganisms can be performed on any appropriate fluorescence microscope (custom-built or commercial).
1. Settings 1. Widefield or HILO illumination 1. Image samples with any TIRF/single-molecule microscope. Note: As an example, we use in the laboratory a customized inverted microscope with a TIRF set-up. Beams from a 532-nm and a 637-nm diode laser are combined and collimated before focusing onto the back focal plane of the objective. Fluorescence from the sample is collected through the same objective, separated from the excitation light using a long-pass and a notch filter, and split into red and green channels using a dichroic mirror. The two channels are imaged onto separate halves of the chip of an electron-multiplying charge-coupled device (EM-CCD) camera. Videos are recorded using the kinetic mode. White light images are obtained using a white light lamp and a condenser attached to the microscope as an illumination source. 2. For general single-molecule observation, set the illumination mode of the microscope to TIRF or HILO 23 (see Discussion for more details about TIRF versus HILO imaging). To set an HILO mode on a TIRF microscope, decrease slightly the angle of incidence of the excitation light to shift the focus slightly higher than the coverslip surface (image the cell interior rather than its lower membrane in contact with the coverslip, see 4.5.4). 3. For cell-level analysis, long single-molecule tracking experiments or step-wise photobleaching analysis, set the illumination mode of the microscope to a widefield mode ensuring the continuous observation of the whole cell volume and therefore of all internalized labeled molecules.
2. Typically, use excitation powers around 0.5-3 mW (~50-400 W/cm 2 ). Note: Lower laser powers are useful to achieve long-lived fluorescence observation and tracking (over 1 minute) while higher laser powers might be required for higher spatiotemporal resolution or stepwise photobleaching analysis. 3. Use exposure times ranging from 15 ms for tracking experiments to 100 ms for more general observation and intensity quantification.
Note: Other frame rates and modes can be used such as stroboscopic illumination, particularly for studying fast diffusing species 30 . 4. In the TIRF microscope, record the fluorescence channel on an electron-multiplying CCD (EMCCD) camera at a magnification resulting in a pixel length of ~100 nm/pixel. The TIRF setup is describe in greater details in reference 26 .
2. Data acquisition 1. Switch off or block the laser illumination until the start of the experiment. Switch the EMCCD camera gain off to prevent damage to the camera due to overexposure. 3. Record movies as described in step 4.2 making sure to record additional frames (50-100 frames) after the completion of the fluorescence photobleaching.
Data analysis
1. General analysis 1. Analyze the recorded images and movies, both in white light and fluorescence excitations, using an imaging software, such as the free software ImageJ. 1.
In ImageJ, open the images or movies recorded on the microscope (TIF format) in File>Open>Your file location. 2. To qualitatively compare fluorescence intensities on a computer screen, make sure that all the fluorescence images are displayed with the same brightness and contrast settings in Image>Adjust>Brightness/Contrast. Adjust manually or automatically the settings for a selected image, press "Set" button and select the "Propagate to all the other images" option. 3. Set the type of information to extract :Analyze>Set Measurements, and select (at least) "Area", "Standard deviation", "Min & max gray value" and "Mean gray value". 4. To compare cell fluorescence intensities, select the area s of interest using the Freehand selection button of ImageJ and extract the cell intensities in Analyze>Measure. The resulting table contains the measurement values and can be saved and/or copied to other software. The "Mean" value corresponds to the average intensity per pixel in the selected area and can be directly compared between cells or between a cell and the background. 5. In an electroporated cell sample, a cell is considered loaded if its average intensity per pixel is larger than the average intensity per pixel of the negative control plus 3 times its standard deviation (Av(I loaded cell ) > Av(I -EP )+3*StdDev(I -EP )).
2. Build false-colored fluorescence overlay images and movies in order to evaluate the quality and loading of the samples. 1. In ImageJ, overlay images such as the white light image and the fluorescence image corresponding to the same FOV in Image>Colors>Merge channels. Select a color for each image (C4(gray) for the white light, C1(red) for red channel, C2(green for green channel…etc.). 2. Check on the overlay image that the fluorescence is located within the cell boundaries (white light image) and that background fluorescence is low and homogeneous (no bright spots outside the cell boundaries). 3. Before analyzing a large number of cells, check qualitatively the images corresponding to the negative sample are similar to the empty cell images and display much lower intensities than the electroporated cells. .
Representative Results

Sample preparation
The different steps of the protocol are presented as schematics in Figure 1 . As an example, we represented the loading of bacteria with doubly labeled (donor and acceptor dyes) DNA fragments. Representative results for DNA internalization are shown in Figure 5C presents another application of protein electroporation. Here, the electroporated protein is unlabeled, but its internalization triggers an observable fluorescent response. This experiment verifies the presence and functionality of electroporated proteins in the cell cytoplasm. Unlabeled T7 RNA polymerase (98 kDa) was internalized into E. coli strain DH5α containing a plasmid encoding for fluorescent protein EmGFP under the control of a T7 promoter 26 . As the gene for T7 RNA polymerase is absent in DH5α, EmGFP expression in our experiments requires that functional T7 RNA polymerase is introduced into the cells via electroporation ( Figure 5C ). Following electroporation with 1 pmol T7 RNAP, >11% of the cells (blue bar, Figure 5C ) exhibited fluorescence higher than the negative control (incubated with the same amount of T7 RNAP, but not electroporated). This result establishes that a proportion of the T7 RNAP molecules internalized by electroporation retain their integrity in vivo and can perform their intended functions in the cell cytoplasm.
In vivo FRET at the single-molecule and single-cell levels Finally, the internalization and analysis of doubly labeled species in living bacteria is presented in Figure 6 and Supplementary Movie 3. As fluorescent protein fusions are not ideal for in vivo smFRET studies, the ability to deliver doubly labeled biomolecules into living cells using electroporation is one of the great assets of this method. (Figure 6A, right) . In the intermediate-and high-FRET samples, cell populations with lower E* than expected are observed, presumably due to a combination of acceptor bleaching and photophysical inactivity, variable cell loading (thus, variable signal-to-noise ratio) and DNA degradation. Figure 6D ) are electroporated into E. coli. Such concentrations led to many cells loaded with few (n = 1-10) labeled molecules, allowing direct localization, tracking, and FRET monitoring for single molecules. Some molecules diffuse freely, whereas others appear immobile or diffuse slowly (Supplementary Movie 3) . Timetraces of immobilized doubly-labeled biomolecules (Figure 6 , middle) last for 1 to 30 s and show the hallmarks of smFRET: anticorrelated changes in the donor and acceptor fluorescence upon acceptor bleaching (for example, t~16 sec; Figure 6B , middle), followed by single-step donor bleaching (for example, t~;19 sec; Figure 6B ). FRET distributions generated from such timetraces (Figure 6 , right) result in a mean value that is in excellent agreement with published in vitro studies 26, 31, 32 . These results establish the capability for quantitative smFRET studies on internalized DNAs and proteins, and suggest that proteins maintain their integrity and structure upon electroporation and internalization (as supported by the T7 RNAP internalization experiments). Figure 6C ) continuously monitored at 50 ms per frame under nTIRF illumination using 1 mW green (532 nm) laser. Each frame is a green/red (FRET) fluorescence overlay of each channel. Diffusing and immobile red (intact) and green (single active label) DNA molecules can be observed. Bottom: Time trace corresponding to the molecule in the yellow circle. FRET efficiencies, donor emission intensities, and acceptor emission intensities are displayed in blue, green, and red, respectively. Anti-correlated acceptor bleaching event (red-to-green transitions) corresponds to the signature of singlemolecule FRET.
Supplementary
Discussion
Many parameters can be varied during cell electroporation and data acquisition depending on the biological system of interest and the precise nature of the experiment (cell-level or single-molecule analysis). For example, when electroporating DNA into bacteria, 0.25 to 5 pmol of labeled dsDNA fragments leads to a low internalization efficiency, allowing direct single-molecule detection (i.e., without the need for photobleaching beforehand). Above 5 pmol dsDNA, cells tend to be heavily loaded, a regime better suited for single-cell analysis. All labeled DNAs should also be previously gel-purified in order to remove any trace of free dye (non-reacted fluorophore) from the DNA stock solution. Besides, potential issues with DNA degradation, particularly for smFRET experiments, can be addressed by using DNAs with unnatural nucleic acids, or motifs that protect exonuclease-accessible termini such as hairpin loops.
Another adjustable parameter in electroporation is the field strength applied during electroporation. Low field strength (~1 kV/cm) will lead to a low loading efficiency appropriate for single-molecule studies. Higher field strengths (up to 1.8 kV/cm) will increase the loading efficiency; however, there is an inverse correlation between field strength and cell viability after electroporation (see Figure 4) . For reference, a normal field strength used for bacteria and yeast electroporation is ~1.5 kV/cm. The time constant, representing the length of this decay, is a convenient parameter to follow, since the time constant drops as soon as any arcing phenomenon occurs in the cuvette. Under normal settings, the time constant should be greater than 4 ms; lower values will lead to low loading efficiency or even non-loaded damaged cells. Most electroporators offer other degrees of freedom (such as "pulse truncation" or "pulse shape") which can be modified to tune both cell loading and viability. We applied this method to both bacteria and yeast, however similar procedures should also allow the internalization of labeled biomolecules into mammalian cells using appropriate electroporator settings since their membrane is actually less complex (single lipid bilayer) and since electroporation has already been used with such cells 21 .
When internalizing labeled proteins, all free dye needs to be removed from the labeled protein stock solution prior electroporation. Free dye molecules, due to their smaller size, can be internalized preferentially over the proteins of interest, and are difficult to discriminate during data analysis (despite their expected faster diffusion). As a guide, for a sample of organically labeled protein to be suitable for electroporation, the amount of remaining free dye should be below 2% (detected using fluorescent scanning of a SDS-PAGE) 22 . This process is particularly important, as some molecules might stick to the outer membranes of electroporated bacteria or yeast. In this respect, the negative control sample should display fluorescence intensity per cell clearly lower than electroporated cells, ideally as low as the autofluorescence level of empty cells (cells which have not been incubated with any fluorescently labeled biomolecules nor electroporated, Figure 2) .
As with dsDNA, the internalization efficiency of labeled proteins is linked to the amount of biomolecules added to the cells prior to electroporation. However, other parameters, such as size and charge, play a role in internalization. Small proteins exhibit high internalization efficiencies, whereas larger proteins (up to 98 kDa) can be successfully internalized but with lower efficiency (Figure 5) 
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. The isolelectric point of the protein, potential interactions with the cell membrane and other physicochemical parameters also influence cell loading during electroporation. As a result, users need to optimize experiments for their own system, knowing that a high initial concentration of labeled protein (>50 μM) will give the best chance for successful loading. Electroporation also offers a new tool to perturb and analyze cellular function by introducing proteins and other biomolecules into cells (either labeled or unlabeled). The T7 RNA polymerase experiments ( Figure 5C ) present such an example of an experiment where we can introduce a biomolecule that can change gene expression in vivo using electroporation.
When performing single-molecule fluorescence experiments, TIR illumination is usually favored over other illumination modes as it offers the best signal-to-noise ratio by exciting only fluorophores within a thin section above the coverslip surface (~100 nm). However imaging labeled biomolecules diffusing inside living microorganisms might require deeper illumination (up to 0.8 µm for E. coli). Deeper illumination is achieved in HILO mode, while preserving a high signal-to-noise ratio. On the other hand, wide field imaging is particularly important for step-wise photobleaching analysis, where the user is estimating the number of internalized molecules by photobleaching an entire loaded cell with high laser power and dividing the initial cell fluorescence intensity by the unitary intensity produced by a single molecule (single photobleaching step, Figure 3 ). Widefield imaging is also required for long-term molecule tracking in order to localize the diffusing molecules of interest even if their trajectories cover the entire cell volume.
In this protocol, we present how electroporation, a standard technique for biologists and biochemists for delivering nucleic acids in cells, constitutes a simple method for delivering fluorescent biomolecules in various cell types. This novel, high-throughput technique offers a unique tool to observe labeled molecules in their native environment. In addition biomolecules labeled with fluorophores covering a wide range of wavelengths, electroporation can deliver molecules modified with many chemical groups, such as unnatural nucleotides and amino acids, metal chelators, crosslinkers, and caging groups. If the biological system of interest is not essential to the cell development, the gene encoding for the target protein can also be deleted (or knocked-down), ensuring that the proteins observed after internalization represent all (or most) of the intracellular protein pool. In essence, electroporation can "transplant" the flexibility of in vitro bioconjugates into living cells and therefore benefit efforts in synthetic biology, systems biology, and in vivo single-molecule detection.
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